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Mechanotransduction is often described in the context of force-induced changes in molecular conforma-
tion, but molecular-scale mechanical stimuli arise in vivo in the context of complex, multicellular tissue
structures. For this reason, we highlight and review experimental methods for investigating mechan-
otransduction across multiple length scales. We begin by discussing techniques that probe the response
of individual molecules to applied force. We then move up in length scale to highlight techniques aimed
at uncovering how cells transduce mechanical stimuli into biochemical activity. Finally, we discuss
approaches for determining how these stimuli arise in multicellular structures. We expect that future
work will combine techniques across these length scales to provide a more comprehensive understand-
ing of mechanotransduction.

� 2015 Elsevier Inc. All rights reserved.
1. Introduction

Biological information is relayed across multiple length scales—
between nearby subcellular compartments, within individual cells,
and across multicellular structures—via chemical, electrical, and
mechanical signals. These signals, which include diffusible mole-
cules, gradients in electrical potential, and physical forces that
depend upon local material properties, are highly integrated and
are often transduced into different forms. The conversion of a
mechanical stimulus into a biochemical response can regulate gene
expression and enzyme activity [1–3]. It is well appreciated that
this transduction of mechanical signals, known as mechanotrans-
duction, is crucial in many biological contexts, including develop-
ment [4,5], disease progression [6,7], wound healing [8], and
tissue homeostasis [9].

In their native physiological setting, cells reside within much
larger structures and are subject to mechanical stimuli generated
by and transmitted through the corresponding tissue and microen-
vironment. Key nodes of mechanotransduction within cells include
sites of cell adhesion, tension-dependent transcription factors, and
stretch-activated receptors and ion channels that are located in the
plasma membrane (Fig. 1). At focal adhesions, the activation of
proteins such as focal adhesion kinase (FAK) depends upon the
mechanical context. FAK is phosphorylated in cells under tension
and binds various target molecules, including other focal adhesion
proteins, to initiate downstream signaling [10]. Elsewhere, yes-
associated protein (YAP) and transcriptional coactivator with
PDZ-binding motif (TAZ), are dephosphorylated in response to
increased substratum rigidity and preferentially localize to the
nucleus [11,12]. Similarly, the activity of myocardin-related tran-
scription factor (MRTF)-A, a cofactor of serum response factor
(SRF), is regulated by the concentration of monomeric actin,
thereby enabling it to influence transcription in response to
stress-mediated increases in actin polymerization [13,14]. Finally,
mechanosensitive ion channels, such as Piezo-1 and Piezo-2, are
responsible for sensing shear stress in vascular endothelial cells
[15], sensing touch in peripheral neurons [16], and sensing nanoto-
pography in hippocampal neurons [17]. In general, the mecha-
nisms by which such modules respond to mechanical cues and
function in the context of processes that span larger length and
time scales remain enigmatic.

Mechanical forces act across multiple length scales. For this rea-
son, experimental approaches are required to measure mechan-
otransduction from the molecular level to the tissue level. This
review highlights techniques from biophysics, mechanobiology,
and biomechanics that have clarified and quantified
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Fig. 1. Mechanotransduction converts mechanical stimuli into instructions for biochemical signaling and gene expression. Proteins involved in mediating the cellular
response to mechanical cues include stretch-activated ion channels, the transcription factors YAP/TAZ and MRTF-A, and FAK, a key component of cell-matrix adhesions.
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mechanotransduction across different length scales. Specific exam-
ples of mechanotransductive pathways are not discussed in detail
here. For this, interested readers are directed to a number of recent
reviews [4,9,18,19]. Rather, we highlight experimental techniques
that actively probe mechanically-dependent molecular and cellular
activity, as well as techniques that passively measure forces, force-
dependent changes in molecular orientation, and the resulting
effect on downstream signaling. The reader will be directed to
more in-depth reviews focusing on the relevant biology or experi-
mental techniques where possible. Starting frommethods aimed at
probing mechanotransduction on the molecular scale, we
gradually move up in length scale to the discussion of cell- and
tissue-level techniques.

2. Molecular-scale methods to investigate
mechanotransduction

It is generally thought that mechanical forces induce changes in
protein conformation, thus revealing hidden (or cryptic) binding
sites or removing autoinhibitory domains to enable mechanically
sensitive protein interactions and functions [20,21]. Such changes
in protein conformation occur in both intracellular and extracellu-
lar contexts. As demonstrated in vitro, force applied across the
intracellular protein talin can unfold its rod domain, revealing
cryptic binding sites for vinculin [22]. Conversely, force transmit-
ted across focal adhesions can induce changes in the conformations
of extracellular proteins, as exemplified by fibronectin fibrillogen-
esis [23,24]. In either case, uncovering specific molecular events
requires the measurement and manipulation of force as well as
the ability to detect and apply molecular-scale conformational
changes.

Given that applying loads to individual molecules drives
changes in their conformations, many techniques have been devel-
oped to clarify and define these mechanotransducing events in
highly controlled, yet often simplified, situations [21]. To manipu-
late protein conformation, such setups often involve optical or
magnetic tweezers [25–27]. Optical tweezers, or optical trapping,
relies on orienting the radiation pressure of a focused laser beam
incident on a microsphere (Fig. 2A). When properly calibrated
and operated in the linear force-response regime, the force applied
to the bead by the optical trap is proportional to the displacement
of the bead from the center of the trap. By trapping particles
tethered to a protein of interest, one can move the particle in three
dimensions (relative to a reference point) to apply force across the
protein and thus observe force-dependent changes in protein
activity.

The use of optical traps in the investigation of mechanotrans-
duction is highlighted by a recent study of the tension-
dependent lifetime of bonds between the cadherin–catenin
complex and filamentous actin [28]. This experimental setup
consisted of attaching fluorescently labeled E-cadherin, b-catenin,
and aE-catenin to glass microspheres mounted on a coverslip. A
single phalloidin-coated actin filament was held in place between
two additional beads immobilized in optical traps. Tension was
applied to bonds between the cadherin–catenin complex and actin
by moving the coverslip parallel to the actin filament. Bond forces
were read out from the displacement of the beads in the optical
traps and related to bond lifetimes, which were determined from
temporal data of the force exerted on the trapped beads. This study
demonstrated that bonds between the cadherin–catenin complex
and filamentous actin are initially weak and quickly dissociate,
but rapidly transition to a strongly bound state under increasing
loads, a defining feature of catch bonds [29]. In this way,
experiments using optical tweezers enable one to manipulate
protein interactions and activity by applying precisely measured
forces.

Similar to optical trapping, magnetic tweezers involve control-
ling a magnetic particle via an applied magnetic field
[26,27,30,31]. For a superparamagnetic particle, the force applied
by the magnetic trap is proportional to the gradient of the mag-
netic field (Fig. 2B). Magnetic trapping as a tool for uncovering
force-dependent protein binding is highlighted by a recent study
that investigated the binding of vinculin to talin [22]. Here, talin
was attached between a glass surface and a magnetic bead. The
suspended talin was exposed to the fluorescently labeled binding
domain of vinculin and force was applied across the protein by
magnetically manipulating the bead. Binding of vinculin was
determined by fluorescence photobleaching, during which it was
observed that greater photobleaching occurs in the presence of
force. Thus, this study demonstrated that application of physiolog-
ically relevant forces across talin rods exposed cryptic binding sites
for vinculin. The high degree of control provided by optical and
magnetic trapping has made these techniques valuable for studies
in vitro.



Fig. 2. Probing mechanotransduction on the molecular scale. (A) Optical tweezers use radiation pressure to exert force on a bead or particle. The schematic on the right
depicts an experimental setup for investigating force-dependent formation of the cadherin–catenin complex. From [28]. Reprinted with permission from AAAS. (B) Magnetic
tweezers apply force to superparamagnetic beads proportional to the gradient of a magnetic field. The schematic depicts an experimental setup for investigating force-
dependent binding of vinculin to talin. From [22]. Reprinted with permission of AAAS. (C) FRET-based techniques provide a way to measure molecular scale forces and
changes in conformation. Force can be calculated from FRET measurements by using a tension-sensing module inserted into a protein of interest (e.g. vinculin). Proper
calibration provides a link between FRET efficiencies and forces. Adapted with permission from Macmillan Publishers Ltd: Nature [36], copyright 2010. Additionally, changes
in fibronectin conformation have been observed by labeling the protein with a green donor and red acceptor fluorophore. Measurements of high FRET (red signal) near the cell
interior suggest fibronectin exists in a compact state, whereas low FRET (green signal) near the cell periphery suggests the protein in that region is in an extended state.
Adapted with permission [42]. Copyright by the National Academy of Sciences.
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Complementary to the in vitro application of force across indi-
vidual molecules, conformational changes and molecular scale
forces have been monitored in living cells. Techniques that take
advantage of fluorescence resonance energy transfer (FRET) yield
information about the conformation of proteins by quantifying
the relative transfer of energy between nearby fluorophores within
or near the protein of interest (Fig. 2C) [32,33]. Recent reviews [34]
discuss FRET technology in-depth and so the following discussion
will highlight tools that detect forces, conformational changes,
and tension-dependent changes in protein activity.

One of the most common techniques for measuring force across
a protein is by engineering a variant of that protein to contain a
FRET-based tension-sensing module (see [34] for more informa-
tion). Such modules typically consist of a donor fluorophore sepa-
rated from an acceptor fluorophore by an elastic linker domain.
The sequence of this domain determines the mechanical properties
of the tension sensor and thus specifies its sensitivity to force.
Forces are calculated by first quantifying the relative intensities
of the two fluorophores or the fluorescence lifetime of the donor
with and without the acceptor. This information can be related
to the FRET efficiency [35], defined as the proportion of excitation
energy transferred from the donor to the acceptor fluorophore.
FRET occurs non-radiatively and this efficiency corresponds to
the distance between fluorophores. For a properly calibrated
tension sensor, the measured FRET efficiency can then be related
to the force acting across the tension-sensing module and is
indicative of the tension present across the protein.

A recent study demonstrating the power of FRET-based
techniques incorporated a tension-sensing module into vinculin
(Fig. 2C) [36]. Here, the tension-sensing module consisted of a cyan
fluorescent protein variant as the donor fluorophore and a yellow
fluorescent protein variant as the acceptor fluorophore, separated
by a flagelliform linker domain. The resulting vinculin tension sen-
sor could be used to measure pico-Newton (pN) levels of force
across this protein in stable focal adhesions. This construct was
subsequently incorporated into vinculin-deficient fibroblasts and
endothelial cells, in which focal adhesion assembly and disassem-
bly could be observed while tension was monitored across vinculin
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during the dynamic process of cell migration. These methods
enabled the measurement of intramolecular force in relation to
changes in protein binding and revealed that higher levels of ten-
sion across vinculin correlate with focal adhesion assembly
whereas lower levels occur during disassembly. Similar tension-
sensing modules have been used with E-cadherin [37] and
b-spectrin [38] and so it seems likely that these FRET-based tools
will continue to provide molecular-scale insight into force-
dependent protein interactions.

In addition to quantifying intramolecular tension, FRET-based
sensors can also relate force-induced changes in molecular confor-
mation to protein binding. Such sensors have been used to investi-
gate mechanotransduction involving a-catenin [39], vinculin [40],
and fibronectin [23,41]. As opposed to the aforementioned tension
sensors which use fluorophores separated by a linker domain,
constructs in these studies need not be designed with a separate
linker. Changes in protein conformation are typically qualitative,
with decreased FRET between fluorophores incorporated within
or tethered to a protein usually sufficient to indicate an open
conformation, whereas increased FRET typically coincides with a
closed conformation. Such a construct has been used to investigate
the response of fibronectin to cell-generated forces (Fig. 2C)
[23,24,42]. Here, purified fibronectin was labeled with donor and
acceptor fluorophores at specific amino acid residues. During cell
culture, FRET measurements indicated whether the labeled fibro-
nectin, which was coated on a coverslip, existed in a compact or
elongated conformation. These methods were used to demonstrate
that fibronectin stretches and unfolds in response to cellular forces,
thus exposing new binding sites. Given that such sensors can arise
from either engineered protein variants or by labeling unmodified
molecules, FRET-based sensors provide a robust and versatile
means to detect force-dependent changes in protein conformation.

Though FRET-based techniques offer quantitative insight into
the molecular-scale events that drive mechanotransduction,
certain challenges and obstacles must be considered. The sensors
must be designed such that endogenous protein function is not
compromised. Additionally, deformations within the tension
probes are assumed to be purely one-dimensional [43], though
changes in fluorophore orientation also affect FRET [34]. Interest-
ingly, this principle has been used in FRET tension sensors that
evaluate forces based upon FRET readouts indicative of fluorophore
rotation [44,45]. Demonstrated in actin and spectrin, these FRET
constructs often contain an inelastic linker domain so as to
mitigate confounding effects arising from changes in the distance
between fluorophores. Nevertheless, FRET-based tools remain an
exciting and promising means to elucidate molecular scale
mechanotransduction in physiologically relevant intracellular,
and potentially in vivo, microenvironments.
3. Cellular-scale tools to probe mechanotransduction

On the molecular scale, force-dependent changes in molecular
conformation influence protein binding or activity. These
mechanosensitive molecular events propagate to the scale of the
cell to influence cell behavior, including migration, differentiation,
and survival. Understanding mechanotransduction at this level
thus requires quantifying mechanical forces applied to or exerted
by regions of the cell while monitoring intracellular responses to
such stimuli. Here, we highlight techniques that measure
cell-generated forces, quantify changes in protein localization or
function in response to force, and generate mechanical loads
within the cell.

Measuring cell-generated forces often involves measuring
deformations or displacements of a reference object. For example,
traction force microscopy (TFM) has been used to resolve forces
exerted by single cells on the surrounding microenvironment in
two [46] or three [47,48] dimensions by monitoring displacements
of fluorescent markers embedded within the substratum or deflec-
tions of flexible microscale posts (Fig. 3A). If the material proper-
ties of the substratum are known, stresses can be calculated from
the displacement fields [46,49–52]. A recent example highlighting
this technique quantified cardiomyocyte contractions using an
array of elastomeric microposts [53,54]. The tips of these microp-
osts were coated with extracellular matrix (ECM) protein while
the sides were fluorescently labeled to enable visualization of post
displacements. By recording high-speed video of the contracting
cells, the authors could track micrometer-scale displacements with
temporal resolution of tens of milliseconds. This study demon-
strated simultaneous quantification of contractile force, velocity,
and power produced by cardiomyocytes at each of their integrin-
based cell-matrix adhesion points. Similar techniques, such as
surface-adhered DNA- [55], polypeptide- [56], and polyethylene
glycol-based probes [57] can map traction forces at even higher
resolution—in this case, pN-level forces can be measured across
individual focal adhesions and membrane receptors.

One promising new technique for measuring forces on the level
of individual cells involves injecting deformable fluorescent oil
microdroplets into multicellular aggregates (Fig. 3B) [58]. These
oil droplets were formed from biocompatible fluorocarbon oil in
the presence of biotinylated surfactant and filtered to produce pre-
cursor droplets with radii on the order of ten micrometers. The
exposed biotinylated surface of each droplet was then linked to
biotinylated RGD peptides or E-cadherin antibodies via fluorescent
streptavidin, which has a high affinity for biotin. Droplet curva-
tures were determined from 3D reconstructions of the streptavidin
fluorescence readout and the interfacial tension was determined
prior to experiments, thereby enabling cell-generated forces to
be calculated from a force balance using Laplace’s law. This tech-
nique was used to measure stresses generated by individual cells
within embryonic tissue, thereby demonstrating the ability to
measure forces in vivo, an advantage over traditional TFM. Never-
theless, both techniques have advantages that make them well-
suited for measuring cell-generated stresses. TFM provides
highly-controlled conditions that facilitate high-resolution mea-
surements of stresses in a manner compatible with traditional flu-
orescence imaging methods. The fluorescent oil droplets, described
above, are applicable for measuring 3D stresses in cell culture,
embryonic tissues, or adult organs.

Besides measuring forces, sensing protein activation in
response to mechanical stimuli is also important for understanding
mechanotransduction on the level of a cell. FRET-based sensors, in
addition to detecting conformational changes in response to forces
across a specific protein, have also been used to detect activation of
mechanosensitive proteins at the cellular level. For example, to
detect activation of FAK, a FRET-based biosensor was created that
consists of a FAK-binding region flanked by donor and acceptor flu-
orophores [59,60]. FAK-dependent conformational changes of the
biosensor influence the FRET readout, thereby enabling quantifica-
tion of mechanosensitive FAK activity in live cells. The use of this
construct has revealed that tension-dependent FAK activation is
upstream of growth factor-induced FAK activity and sensitive to
the type of ECM protein in contact with cell adhesions. FRET-
based activity sensors have been applied to other mechanosensi-
tive situations, including the activation of small GTPases involved
in cell motility [61], the cytoplasmic activation of Src in response
to increased focal adhesion tension [62], and histone methylation
experienced by tumorigenic cells on a stiff substratum [63]. Taken
together, FRET technology has thus provided valuable insight on
the level of mechanosensitive protein interactions as well as on
the level of cellular responses to internal and external mechanical
stress.



Fig. 3. Cellular scale techniques to investigate mechanotransduction. (A) Cell-level forces can be calculated by measuring displacements of embedded beads [46] or elastic
micropillars [53]. These forces are a function of the displacements, elastic modulus E, and Poisson’s ratiom. Displacements are exaggerated for ease of viewing. The scanning
electron micrograph at right demonstrates the use of elastic micropillars to measure forces exerted by contracting smooth muscle cells. Adapted with permission [50].
Copyright by the National Academy of Sciences. (B) Stresses exerted by cells in vivo can be inferred by monitoring the deformations of fluorescent oil droplets conjugated with
adhesion molecules. Adapted with permission from Macmillan Publishers Ltd: Nature Methods [58], copyright 2013. (C) Infrared radiation-mediated release of calcium or
calcium chelators from liposomes provides spatiotemporal control of the moduli of alginate-based hydrogels [66]. (D) Micropipette aspiration was combined with
microfluidics to apply suction pressure to an array of trapped cells. This technique was used to estimate the threshold cortical tension required to activate mechanosensitive
ion channels, as seen by the uptake of a nuclear-localized, membrane-impermeable dye in the bottom image. Adapted from [68] with permission of The Royal Society of
Chemistry. (E) Optogenetics provides a new way to precisely apply loads on the cellular scale. Shown here is a photoactivatable form of RhoA-mediated cellular contractility
in which stress fiber formation is controlled by exposure to the photo-stimulus. Reprinted with permission from Macmillan Publishers Ltd: Nature Methods [73], copyright
2013.
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The techniques described so far have been used to measure
force or force-induced changes in protein activity on the scale of
individual cells. Another meaningful experimental strategy will
be to manipulate cellular forces and observe how these perturba-
tions propagate into mechanosensitive signaling and changes in
cell behavior. Because cells respond to the mechanical properties
of their underlying substratum by adjusting cytoskeletal and junc-
tional organization [64], one approach to probe intracellular
mechanosensitive responses is to alter these properties. Whereas
many studies have cultured cells on irreversibly cross-linked
hydrogels [65], one recent study used photo-tunable hydrogels to
provide insight into how cells respond to environments with
dynamically changing mechanical properties (Fig. 3C) [66]. Here,
the authors used alginate, which reversibly crosslinks in the pres-
ence of divalent cations. A solution of highly-concentrated calcium
and gold nanorods were encapsulated in temperature-sensitive
liposomes that could be ruptured by near-infrared light-mediated
heating of the nanorods. Thus, light exposure could release the
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calcium, trigger alginate cross-linking, and increase the stiffness of
the gel. This process could be reversed by incorporating a calcium
chelator solution in the liposomes, in which case light exposure
triggered calcium sequestration and gel softening. The first system
to model dynamic changes in ECM stiffness, this study demon-
strated temporal control over the morphology of fibroblasts cul-
tured on or within these gels. The implantable nature of this
system makes it compatible with studies in vivo, suggesting that
it could be used to probe cellular mechanotransduction during pro-
cesses such as development and disease progression.

Microfluidic pipette aspiration is another technique by which
force can be directly applied to a cell so as to observe changes in
mechanosensitive behavior. Classically used as a means to evaluate
the bulk mechanical properties of cells, this method is based upon
applying precise suction pressure to cells that are adhered to beads
or in solution (Fig. 3D) [67]. Depending on the viscoelasticity of the
cell, the effective viscosity or modulus can be determined from the
suction pressure, the membrane curvature inside and outside of
the micropipette, and the displacement of the membrane within
the pipette. Recently, this technique has been expanded to studies
of cell-level mechanotransduction in the investigation of stretch-
activated ion channels [68], protein localization in response to
force applied to the nucleus [69], and cadherin binding affinities
between cells [70]. The first example [68] highlights the use of
micropipette aspiration in conjunction with a novel microfluidic
platform to facilitate high-throughput mechanical analysis of cells.
In this study, cells were perfused through the microfluidic device
and trapped for aspiration at built-in micropipette channels.
Though the material properties of the cells were determined as
described above, this study was also able to quantify the threshold
levels of tension required to activate the stretch-activated ion
channel MscL. This was determined by the uptake of a
membrane-impermeable dye, propidium iodide, which fluoresced
when bound to nucleic acid. By imaging this fluorescence as a func-
tion of the applied suction pressure, the threshold membrane ten-
sion required to activate this ion channel was estimated to be on
the order of mNm�1. Given their compatibility with other imaging
techniques, methods that directly manipulate or apply forces to
cells, such as modified substrata, micropipette aspiration, and
atomic force microscopy [71,72], can thus be used to elucidate cel-
lular responses to mechanical stimuli.

Though not used in any mechanotransduction studies to date,
the emerging field of optogenetics has enticing potential for per-
turbing intracellular forces. For example, a recently-developed
optogenetic probe of RhoA-mediated contractility in mammalian
cells [73] may enable the observation of cellular effects that result
from force-generating signaling networks (Fig. 3E). This construct
consists of a photoresponsive Cryptochrome 2 (Cry2) protein fused
to the small GTPase RhoA, which acts through its downstream
effectors to induce the activation of myosin II and the associated
cellular contractile machinery [74]. Here, Cry2 homo-oligomers
form in response to illumination at 450 or 488 nm, facilitating
the oligomerization and subsequent activation of RhoA. Further-
more, these tools are continually evolving, as engineered variants
of the Cry2 system have yielded longer-lived oligomerization
[75]. Other potentially-relevant optogenetic tools include a
photoactivatable form of Rac1 [75], which induces actin polymer-
ization through the downstream effectors of that GTPase, and
light-gated ion channels [76,77], which could potentially trigger
calcium-mediated contractile forces. Regardless of the construct
to be used, certain challenges with light delivery remain to be
addressed. Specifically, while delivering the photo stimulus to a
cell in 2D culture is well established, delivering light to specific
cells in a 3D culture or tissue remains nontrivial. If delivery issues
can be balanced with maintaining low phototoxicity, optogenetic
tools might provide key insight into cell-scale mechanotransduc-
tion in more physiologically-relevant 3D microenvironments.
4. Larger scale techniques to elucidate mechanotransduction

Of course, most cells reside within tissues, and the mechanical
loads that they experience are often a consequence of macroscopic
forces applied at the tissue-level. Many organs in the body perform
physical functions (e.g., fluid transport, structural support,
mechanical pumping), and early work in the field of biomechanics
sought to understand how mechanical cues influence the behavior
of physiological systems during homeostasis and disease [78].
Physical forces were shown to be indispensable to the mainte-
nance and function of several organs in the body, and a variety of
tissues – ranging from blood vessels to bone – were found to alter
their structure in response to applied mechanical loads [78–80].

To investigate these effects experimentally, biomechanicians
have used surgical techniques (e.g., blood vessel ligation) or
in vivo mechanical testing (e.g., forelimb compression) to apply
macroscopic forces to biological structures. Altered mechanical
loads elicit an array of tissue-specific responses, such as changes
in the expression of different signaling molecules, or modifications
in the architecture of the tissue. Still, despite this progress, our
understanding of mechanical feedback at the tissue-level remains
largely phenomenological.

Recent experimental methods, which make use of developing
embryos and sophisticated tissue culture techniques, offer exciting
new potential to develop a more mechanistic understanding of
tissue-level mechanotransduction. In these experimental systems,
tissues consist primarily of epithelia. The relative architectural
simplicity of these structures can then be exploited to determine
how mechanical forces are distributed within epithelial tissues,
how groups of cells respond collectively to applied mechanical
forces, and (ultimately) how these behaviors are coordinated to
drive macroscopic changes in tissue form.

In general, these experimental methods come in two varieties
(Fig. 4): those that measure the mechanical forces distributed
within tissues, and those that use exogenous forces to control
tissue behavior.
4.1. Measuring mechanical stresses within epithelial tissues

Within epithelia, macroscopic forces are distributed across the
thickness of the tissue. Thus, the concept of mechanical stress,
which describes a force vector acting over an area, is a useful
normalized measure for mechanical loading. Mechanical stresses,
however, cannot be measured directly, and must be inferred from
deformations either within an epithelial tissue or within a substra-
tum adherent to the tissue.

Using developing embryos, several groups have used either
micropipette punches [81,82] or laser ablation [83–85] to induce
wounds in epithelial tissues. The resulting wound geometry, as
well as the tissue deformations around the wound, are then used
to estimate the state of mechanical stress (Fig. 4A). These tech-
niques can be used to measure how distributions of mechanical
stress vary spatially across an epithelium or to determine how
the state of stress at a particular point within the tissue changes
over time.

Alternatively, distributions of mechanical stress within epithe-
lial tissues can be computed by extending TFM to a multicellular
context [86]. Recently, Tambe and colleagues used the motion of
fluorescent beads embedded within a flexible substratum to com-
pute the traction forces exerted by a collectively migrating epithe-
lium [87]. In 2D culture, traction forces act along the basal surface



Fig. 4. Techniques to investigate mechanotransduction on the scale of tissues. (A) Laser microdissection used to probe the state of mechanical stress in the yolk syncytial
layer (YSL) during early zebrafish development. (EVL; enveloping layer) Reprinted with permission from Springer Science and Business Media [85]. (B) Monolayer stress
microscopy uses the traction forces obtained with TFM and incorporates them into a force balance for the epithelium to compute the 2D mechanical stress field within an
epithelial layer. Reprinted with permission fromMacmillan Publishers Ltd: Nature Materials [87], copyright 2011. (C) Extending TFM to 3D. The tracked motion of fluorescent
microspheres embedded within the surrounding gel can be used to estimate the traction stresses induced by 3D micropatterned tissues in culture. With permission from
Springer Science and Business Media [90]. (D) Microfluidic channels can be used to induce defined spatial patterns of contractility within developing epithelia. Reprinted with
permission [39].
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of the epithelium. Thus, the computed forces were incorporated
into a force balance for the epithelial layer and used to determine
the distributions of mechanical stresses acting within the tissue
(Fig. 4B). This new technique was termed monolayer stress micro-
scopy, and the directed motion of collectively migrating cells
within the epithelium was found to coincide with directions of
principal stress [87].

In addition, our group recently extended TFM to the 3D culture
of engineered epithelial tissues (Fig. 4C) [88–90]. Briefly, elas-
tomeric stamps were used to create wells of defined shape in 3D
collagen gels. Epithelial cells, which were seeded into the wells,
then coalesced to form intact tissues. Fluorescent microspheres
embedded within the surrounding collagen gel were used to esti-
mate the mechanical forces exerted by both quiescent [89] and col-
lectively migrating epithelial tissues [91] during 3D culture. This
technique has been used to correlate levels of mechanical stress
with changes in epithelial gene expression [92] and signal trans-
duction [93].

4.2. Applying ectopic mechanical forces within epithelial tissues

In addition to measuring mechanical stresses within epithelial
tissues, several recent studies have applied exogenous mechanical
loads in an attempt to control the behavior and morphogenesis of
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embryonic tissues. For instance, Farge and colleagues used optical
tweezers and microindentation to apply localized mechanical
forces to developing epithelia in early Drosophila embryos [94–96].
These physical cues were shown to control patterns of epithelial
gene expression [94], as well as the changes in cell shape that drive
epithelial folding [95]. Brunet and colleagues extended this work to
show that applied mechanical strains regulate mechanotransductive
signaling pathways upstream of b-catenin in both early Drosophila
and zebrafish embryos [96]. In addition, Kim and colleagues have
developed a microfluidic device that flows a solution of ATP across
a defined population of cells within a developing epithelium to
locally induce cell contractility, and thereby alter patterns of
mechanical stress within the tissue [97] (Fig. 4D). The mechanical
stresses induced by these experimental techniques are not yet
understood quantitatively, but could be combined with either laser
ablation or TFM to develop a more complete understanding of
mechanotransduction at the tissue level.

5. Conclusion and future outlook

Mechanotransduction, important in many biological contexts,
occurs over a range of length scales. For this reason, experimental
techniques are necessary to understand how mechanical stimuli
arise on the scale of tissues, propagate across and within cells,
and change molecular activity. This review sought to highlight
many such techniques. Starting with the molecular scale, we high-
lighted recent studies using optical tweezers, magnetic tweezers,
and FRET-based sensors. We then discussed techniques aimed at
uncovering mechanotransduction on the level of individual cells,
specifically TFM, deformable oil droplets, substrata with varying
mechanical properties, micropipette aspiration, FRET-based
sensors, and optogenetics. Finally, on scale of tissues, we high-
lighted methods involving multicellular TFM, microindentation,
and microfluidic tissue culture.

Crossing multiple length scales in future experiments will help
generate a better understanding of the interplay between bio-
chemical and biophysical signaling, while potentially avoiding
variation between experimental setups. Such experiments may
include combining FRET-based sensors with monolayer stress
microscopy, functionalized oil droplets with tissue-level mechani-
cal testing, and so on. In this light, work has combined FRET-based
sensors with magnetic tweezers to measure changes in Cajal body
protein activity in response to loads applied on the scale of the cell
[98]. These multi-scale measurements and manipulations can then
be integrated within hierarchical models of mechanotransduction
[99]. In this way, by using the techniques described here either
individually or in combination, we are well poised to push, pull,
and squeeze our way towards understanding mechanotransduc-
tion in many different biological contexts.
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